Background {#Sec1}
==========

Microbial mats are laminated microbial communities growing in a variety of environments, including extreme habitats such as sea ice, hot springs and environments with high salinity or periodic desiccation (Castenholz [@CR10]; Fenchel et al. [@CR21]). Marine intertidal flats can sustain microbial mats under specific conditions, like occasional flooding and low sand deposition, (Bolhuis et al. [@CR5]). Microbial mats are characterized by large chemical gradients and densely packed biomass within a few cm depth, growing an average of 1--3 mm per year, and covering sandy sediments in intertidal flats (Fenchel [@CR18]; Fenchel and Kühl [@CR20]; Bolhuis et al. [@CR5]).

Filamentous cyanobacteria are considered the first colonisers in the development of intertidal photosynthetic microbial mats, forming a green layer that releases organic compounds (lysis, excretion) and oxygen, and captures atmospheric nitrogen (Stal [@CR39]). Diatoms settle after, and together with the cyanobacteria make up the oxygenic photoautotrophic surface layer (Fenchel et al. [@CR21]). Below this layer, bands of colourless sulfur and purple sulfur bacteria (purple layer) may develop, that oxidize sulfide generated by the underlying sulfate reducing bacteria (black layer) (Van Gemerden [@CR43]). The intertwined filamentous cyanobacteria in the top layer and the excretion of exopolymeric substances (EPS) by the microbial communities form a matrix which stabilises the microbial mats, making them resistant to wind and wave erosion (De Brouwer et al. [@CR13]). The development of mats is also enhanced by the reduced impact of grazers and bioturbating animals (Fenchel [@CR18]) due to the relatively extreme physico-chemical conditions (e.g. hot springs, sea ice; dry and windy condition) inside and below the mat (Jørgensen et al. [@CR27]; Des Marais [@CR16]).

Studies in water column, biofilms, and sediments have demonstrated that microorganisms are heterogeneously distributed on small spatial scales with microscale hot spots of elevated activity (Neu and Lawrence [@CR31]; Seymour et al. [@CR36]; Stewart and Franklin [@CR41]; Carreira et al. [@CR7]). Moreover, studies have shown that to capture the actual microbial diversity, production, and the micro-environmental drivers of these habitats it is important to study microbial ecology at small scale (Paerl and Pinckney [@CR34]; Azam and Malfatti [@CR1]). In benthic environments, viruses were shown to play an important structuring role by driving spatial heterogeneity and temporal dynamics of their host populations (e.g. prokaryote; Siem-Jørgensen et al. [@CR37]; Carreira et al. [@CR7]), and as drivers of organic carbon and nutrient recycling (Danovaro et al. [@CR12]). Although photosynthetic microbial mats are highly productive habitats (Canfield et al. [@CR6]) that have been intensively studied with regard to their structure, composition, and biogeochemistry (Des Marais [@CR16]; Ward et al. [@CR44]; Bolhuis et al. [@CR5]), to the best of our knowledge, no studies on millimetre scale distribution of the different ecologically relevant groups in photosynthetic microbial mats have been published to date. The aim of the present study was to determine the microscale (mm) vertical and horizontal spatial distributions of viruses, prokaryotes (Archaea and Bacteria, excluding cyanobacteria) and oxygenic photoautotrophic (oxygenic photosynthetic microbes, i.e. prokaryotic filamentous cyanobacteria and eukaryotic microalgae) in intertidal photosynthetic microbial mats during different times of the year (November 2012, April and July 2013).

Results {#Sec2}
=======

The intertidal zone on Schiermonnikoog was covered by photosynthetic microbial mats in an area of about 7 km^2^, and was characterised by periodical immersion during high tide. Typically, the sediment consisted of fairly homogeneous, well-sorted sands with a mean modal grain size between 180--220 μm. A 1 to 2 mm thick silty layer (modal size between 20--40 μm) was found at 4--5 mm depth. The water content of the sediment decreased strongly in the top 2 mm from 42 % in the top 0--1 mm, to 26 % in 1--2 mm depth layer, to 20 % at 2--10 mm deep. Organic matter content also decreased with depth, with 7 % at the top (0--1 mm), 2 % at the middle (1--5 mm) and 0.6 % at depth (5--10 mm).

In general, the photosynthetic microbial mats were dominated by filamentous cyanobacteria and benthic diatoms as shown by BAR analysis (Fig. [1](#Fig1){ref-type="fig"}) and confirmed by light microscopy (green algae not observed). In the 3D study, cyanobacteria dominated the mat surface and were horizontally distributed in clusters separated by diatom clusters within the mm scale (Fig. [2](#Fig2){ref-type="fig"}). The average prokaryotic abundance (Fig. [3](#Fig3){ref-type="fig"}) in the November 3D-study was about 2-fold higher in the 0--1 mm top layer (1.7 ± 0.6 × 10^10^ g^−1^) compared to the 1--2 mm lower layer (0.9 ± 0.4 × 10^10^ g^−1^; p \< 0.001). Viral abundances for the top 0--1 mm and the lower 1--2 mm, were however, rather similar, i.e. ranged from 1.4 to 5.4 × 10^10^ g^−1^ with averages of 3.3 ± 1.1 and 2.9 ± 1.1 × 10^10^ g^−1^, respectively (Fig. [4](#Fig4){ref-type="fig"}). Because prokaryotic abundance varied more (higher in top) than viral abundance, the average virus to prokaryotes ratio (VPR) was 1.6-fold lower (p \< 0.001) in the top layer as compared to the bottom layer (3.5 ± 1.3), causing a VPR 'hotspot' (VPR = 7.2) in the lower layer (Fig. [5](#Fig5){ref-type="fig"}). Viral and prokaryotic abundances did not show significant correlation with oxygenic photoautotrophs (Fig. [4](#Fig4){ref-type="fig"}).Fig. 1Autofluorescence of blue to amber ratio (BAR) images of the top view of the photosynthetic layer of the microbial mat on Schiermonnikoog (The Netherlands). **a** November, **b** April, **c** July. Colour scale indicates that values \< 0 are cyanobacteria dominated and \> 0 are diatom dominated. Scale bars are 1 cmFig. 2Spatial distribution of autofluorescence (relative units) distribution in the photosynthetic microbial mat on Schiermonnikoog in November 2012, after **a** amber (cyanobacteria) light exposure, **b** blue (diatoms) light exposure, and **c** blue to amber ratio (BAR). Area of studied sample: 210 × 70 × 1 mm (L × W × H). Crosses indicate sampling pointsFig. 3Spatial distribution of the prokaryotic abundance in **a** the top 0--1 mm, and **b** the lower 1--2 mm layer of a photosynthetic microbial mat on Schiermonnikoog (The Netherlands) in November 2012. Area of sampling was 210 × 70 × 2 mm (L × W × H). Crosses indicate the sampling pointsFig. 4Spatial distribution of the viral abundance in **a** the top 0--1 mm, and **b** the lower 1--2 mm layer of a photosynthetic microbial mat on Schiermonnikoog (The Netherlands) in November 2012. Area of sampling was 210 × 70 × 2 mm (L × W × H). Crosses indicate the sampling pointsFig. 5Spatial distribution of the viruses to prokaryotes ratio (VPR) in **a** the top 0--1 mm, and **b** the lower 1--2 mm layer of a photosynthetic microbial mat on Schiermonnikoog (The Netherlands) in November 2012. Area of sampling was 210 × 70 × 2 mm (L × W × H). Crosses indicate the sampling points

The top photosynthetic layer decreased from 2 mm in November to 1 mm in April, and increased again in July to 1.5 mm (Fig. [6](#Fig6){ref-type="fig"}a, b). The anoxic black layer characterized by iron sulfide appeared 4--5 mm lower in April and July than at the 2 mm depth in November. Independent of season, a distinct purple sulfur bacteria layer of about 1 mm was occasionally observed below the oxygenic photoautotrophs. The vertical profiles in the abundances of prokaryotes and viruses varied with date of sampling (Fig. [7](#Fig7){ref-type="fig"}). Viral abundances were significantly different in November and April (p \< 0.001) compared to July, whereas no differences were found between November and April viral abundances. Prokaryotes and VPR showed significantly different abundances in November compared to April (p \< 0.05 and p \< 0.001, respectively) and July (p \< 0.001 and p \< 0.05, respectively), but no differences were found between April and July. Overall, prokaryotes and viral abundances were highest in November, followed by April, and July. VPR was highest in November (average 2.7 ± 0.7, range 1.0--4.7), followed by April (1.8 ± 1.6; 0.5--5.4) and July (1.4 ± 0.7; 0.4--3.6).Fig. 6Cross section example of a typical photosynthetic mat from Schiermonnikoog (The Netherlands). **a** Colour image, **b** autofluorescence image after amber excitation showing the photosynthetic layer. Scale bar is 0.5 cmFig. 7Depth profiles of the four replicates showing the abundances of viruses (open symbols) and prokaryotes (black symbols), and virus to prokaryotes ratio (VPR; grey symbols) in November (panel **a**, **b**, **c**, and **d**), April (panel **e**, **f**, **g**, and **h**) and July (panel **i**, **j**, **k**, and **l**) in Schiermonnikoog (The Netherlands)

Viral abundances in the top 0--1 mm layer were significantly different from the abundances in the layers just below (1--3 mm), and the abundances in the 1--2 mm layer were significantly different from all layers below 5 mm (Table [1](#Tab1){ref-type="table"}). Prokaryotic abundance was significantly different between the top 0--1 mm and all layers below 2 mm, while the layer 1--2 mm was significantly different from all layers below 4 mm (Table [1](#Tab1){ref-type="table"}). Overall most differences were found between the top 2 or 3 mm and the layers below (2--10 mm) (Table [1](#Tab1){ref-type="table"}). Therefore, in order to identify more detailed spatial patterns in the relationship between the distribution of prokaryotes and viruses, we divided the depth profiles into three depth intervals: 0--1 mm, 1--2 mm and 2--10 mm, representing the top and bottom of the photosynthetic microbial mat, and the sediment under the photosynthetic microbial mat (Fig. [8](#Fig8){ref-type="fig"}). Viral abundance showed significant positive linear correlations with prokaryotes abundance for all depth intervals and dates sampled (except in the 0--1 mm layer in April; Table [2](#Tab2){ref-type="table"}). The slopes of regression differed only slightly between the different layers and months. Correlations between viral and prokaryotic abundances were generally weaker in the top photoautotrophic layer (Fig. [8](#Fig8){ref-type="fig"}). Neither bacterial nor viral abundances correlated with oxygenic photoautotrophs autofluorescence.Table 1Statistical analysis of viral and prokaryotic abundances for each depthProkaryotes\\VirusesDepth (mm)*0.51.52.53.54.55.56.57.58.59.5*0.5*\< 0.001\< 0.05n.s.n.s.n.s.n.s.n.s.n.s.n.s.*1.5n.s.*n.s.n.s.n.s.\< 0.05\< 0.05\< 0.001\< 0.001\< 0.001*2.5\< 0.05n.s.*n.s.n.s.n.s.n.s.\< 0.05\< 0.05\< 0.001*3.5\< 0.001n.s.n.s.*n.s.n.s.n.s.n.s.n.s.\< 0.05*4.5\< 0.001\< 0.05n.s.n.s.*n.s.n.s.n.s.n.s.n.s.*5.5\< 0.001\< 0.05n.s.n.s.n.s.*n.s.n.s.n.s.n.s.*6.5\< 0.001\< 0.001\< 0.05n.s.n.s.n.s.*n.s.n.s.n.s.*7.5\< 0.001\< 0.001\< 0.001n.s.n.s.n.s.n.s.*n.s.n.s.*8.5\< 0.001\< 0.001\< 0.001\< 0.05n.s.n.s.n.s.n.s.*n.s.*9.5\< 0.001\< 0.001\< 0.001\< 0.05n.s.n.s.n.s.n.s.n.s.Numbers in italic are the *P*-values for viral abundances, others are the *P*-values for prokaryotic abundances. n.s. stands for not significant. N.s. stands for not significantFig. 8Linear regressions between the abundances of prokaryotes and viruses in three depth zones and per sampling month: **a** 0--1 mm, **b** 1--2 mm, and **c** 2--10 mmTable 2Linear regression analysis information (R^2^, equation, and significance) between viral and prokaryotic abundances in a photosynthetic microbial mat in Schiermonnikoog (as shown in Fig. [8](#Fig8){ref-type="fig"}), for the different sampling months (November, April, and July) and depths (0--1, 1--2, and 2--10 mm)MonthDepth (mm)R^2^EquationPNovember0--10.40Virus = 1.7 Prok + 1.6 × 10^10^\< 0.0011--20.38Virus = 2.5 Prok + 1.4 × 10^10^\< 0.0012--100.90Virus = 2.8 Prok + 0.1 × 10^10^\< 0.0001April0--10.02Virus = 2.8 Prok + 1.9 × 10^10^n.s.1--20.81Virus = 2.2 Prok + 0.2 × 10^10^\< 0.0012--100.70Virus = 3.4 Prok − 1.0 × 10^10^\< 0.0001July0--10.61Virus = 2.6 Prok + 0.6 × 10^10^\< 0.051--20.97Virus = 4.8 Prok − 1.5 × 10^10^\< 0.00012--100.75Virus = 1.3 Prok − 0.1 × 10^10^\< 0.0001N.s. stands for not significant

Discussion {#Sec3}
==========

Intertidal photosynthetic microbial mats are dynamic laminated heterogeneous systems with a photoautotrophic layer typically composed of cyanobacteria and diatoms (Dijkman et al. [@CR17]). These mats are characterised by high primary production, high biomass concentration, and high rates of remineralisation and nutrient cycling (De Wit et al. [@CR14]; Van Gemerden [@CR43]; Jonkers et al. [@CR25]). Temperature and light have been shown to influence their productivity, but equally important for the mat development is the reduced impact of grazers (Fenchel [@CR18]).

In an environment with reduced grazing, viruses may potentially play a key role in microbial mortality. In addition, as drivers of nutrient recycling, viruses may support mat regeneration and productivity. Our study shows that the intertidal photosynthetic microbial mats in Schiermonnikoog have high viral abundances, reaching densities of 0.05 to 5.4 × 10^10^ viruses g^−1^. The observed abundances of viruses in the mats are more than 10-fold higher those typically recorded in marine sediments (Danovaro et al. [@CR11]). Such high viral abundances have only been reported for eutrophic estuarine sediments with high microbial activity (Hewson et al. [@CR23]; Helton et al. [@CR22]). An earlier study of abundances in lagoon microbial mat also showed high abundances (\~15 × 10^10^ g^−1^ dry weight) (Pacton et al. [@CR33]). In this study the data was presented as dry weight specific densities (Pacton et al. [@CR33]). Converting the wet weight specific densities obtained in our study to the corresponding densities per gram dry weight using an average water content (42 and 26 % corresponding to 0--1 and 1--2 mm layers, respectively; this study), showed equally high viral (0.2--20 × 10^10^ g^−1^) and prokaryotes (0.2--7.3 × 10^10^ g^−1^) abundances in the top 0--2 mm of the Schiermonnikoog mats.

The high viral abundances found in the present study are possibly the result of the high biological activity found in microbial mats (De Wit et al. [@CR14]; Van Gemerden [@CR43]), as reflected by the high densities of both prokaryotes and oxygenic photoautotrophs in the mats (although inputs from other sources such as sand deposition or rain cannot be excluded).

The higher prokaryotic abundances in the first 0--1 mm of the mat during the November 3D-experiment were most likely linked to the oxygenic photoautotrophic dominance in this top layer. As the viral abundance did not show much variation between the top layer and the 1--2 mm below, our data indicate that prokaryotes were more actively growing in the top layer, or that viral decay was higher in the top than in the 1--2 mm layer below. Prokaryotic and viral activity in coastal marine sediments are generally positively correlated with organic carbon loading (as indicated from carbon mineralization rates), resulting in gradients of increasing viral and bacterial production along trophic gradients (Middelboe and Glud [@CR28]; Middelboe et al. [@CR29]). Moreover, microbial metabolic activity has been found to be highest in the top of the photosynthetic microbial mats and indeed directly linked to organic matter load (Jonkers et al. [@CR26]). Much of the organic matter load that fuels bacterial production is excreted by photosynthetic microbes as exopolymeric substances (Decho et al. [@CR15]). Higher growth rates of prokaryotes have been shown to result in higher viral burst sizes (Middelboe and Glud [@CR28]). However, we found that the VPR in the upper 1 mm layer was mostly lower than in the layers below. Since the surface layer receives higher UV doses and higher radical concentrations due to O~2~ oversaturation (non published data), it seems reasonable to assume that viral decay is higher in the upper layer than the lower layers. This may explain the low average VPR found in the photosynthetic microbial mat as compared to other marine sediment environments (Danovaro et al. [@CR11]).

The large spatial heterogeneity in oxygenic photoautotrophs distribution and viral and prokaryotic abundances emphasizes that the microbial mats are dynamic structures. This is, to our knowledge, the first study showing distinct spatial separation of cyanobacterial and diatom populations at the microscale. Until now, only patchy spatial dispersal of all oxygenic photoautotrophs combined (inferred from chl *a*) had been observed for the intertidal sediment surface (Seuront and Leterme [@CR35]).

The distribution of prokaryotes and viruses in the mat was also heterogeneous at the microscale, both horizontally and vertically. Such high heterogeneity was previously demonstrated in studies in the water column, biofilms, and sediments (Neu and Lawrence [@CR31]; Seymour et al. [@CR36]; Stewart and Franklin [@CR41]; Carreira et al. [@CR7]). While, energy availability is among the most studied driving forces for spatial heterogeneity in microbial communities in sediments (Blackburn and Fenchel [@CR3]; Fenchel and Glud [@CR19]), other factors such as competition and losses (grazing, viral lysis) may also contribute significantly to spatial heterogeneity. In addition, a recent study has shown that viral activity contributes to the microscale distribution of prokaryotes in intertidal sediments (Carreira et al. [@CR7]). In microbial mats, where grazing is greatly reduced (Fenchel [@CR18]), viruses could constitute the main mortality agent, and consequently hypothesize, that viruses are an important factor driving spatial heterogeneity in prokaryotes and oxygenic photoautotroph distribution patterns in a microbial mats. To test this hypothesis, future studies should focus on measuring viral lysis rates for the different hosts.

In November, at the end of the growth season, the photosynthetic microbial mat was fully developed, with a thick cyanobacterial sheet at the surface and high abundances of prokaryotes and viruses below. As the seasons progressed from November to July, the oxygenic photoautotrophic layer initially decreased with depth (April), but by July it started to increase again. The relatively low microbial abundances at the top in combination with the thin photosynthetic layer in April suggest limited activity of the mat after the winter period, followed by increased activity during summer (July) leading to higher abundances of viruses and prokaryotes in the top layer in July. The high prokaryote and viral abundances observed deeper in the heterotrophic layers in April reflect most likely inter annual variation or ongoing microbial decomposition of mat layers from previous years. We hypothesize that the temporal changes in distribution of viruses and prokaryotes are tightly linked to the photosynthetic activity and extension of the top productive layer of the mat. The general vertical stratification observed agrees with other published works from the same (Bauersachs et al. [@CR2]) or similar areas (Stal et al. [@CR40]; Mir et al. [@CR30]) with different levels of development, due to seasons. This emphasizes the close spatial coupling between autotrophic and heterotrophic processes in these mats.

In general, viruses could be associated with both prokaryotes and oxygenic photoautotrophs in the top 2 mm, as the correlation between viruses and prokaryotes in these layers is weaker than when oxygenic photoautotrophs are absent (2--10 mm), independently of sampling period. However, as photoautotrophic microbial mats contain many different prokaryotes and viruses, future studies should be complemented with more detailed analyses of community composition. This could be accomplished for example, by integrating other methodologies, such as electron microscopy to verify viral morphologies and frequency of infected cells, and metagenomics to verify the microbial diversity. Particularly in such a densely packed, biological and metabolic distinctly diverse ecosystem, molecular techniques are expected to advance our understanding of microbial and viral diversity and host-virus interactions. However, obtaining actual viral mediated mortality rates for this small-scale laminated and spatial heterogeneous mat system will be challenging.

Conclusion {#Sec4}
==========

In summary, oxygenic photoautotrophs, prokaryotes and viruses were distributed in microscale (mm-scale) patches both horizontally and vertically in the photosynthetic microbial mat. The abundance of both prokaryotes and viruses increased in the growing season, in accordance with the greater depth of the photosynthetic layer. The very high viral abundances in the microbial mat, the variation in depth profiles at different times of the year, together with the spatial 3D heterogeneity, suggest that viruses are likely active components in these productive environments. An active role of viruses can be expected to have implications for the development and productivity of the mat and the biogeochemical fluxes within the mat. Our results emphasize the importance for further studies on the role of viruses as regulators of community dynamics and productivity in photosynthetic microbial mats.

Material and methods {#Sec5}
====================

Site description and sampling {#Sec6}
-----------------------------

The sampling site is situated in the sandy north-western beach of the coastal island Schiermonnikoog (53° 29\' 24.29\"N, 6° 8\' 18.02\"E) in the Wadden Sea (The Netherlands). Intertidal photosynthetic microbial mats are found here due to the dry and windy conditions, with occasional flooding. The microbial mats can be found year-round, but storm, flood and ice cover may destroy the mats in winter (Bauersachs et al. [@CR2]). Samples were collected in November 2012, April and July 2013, over a spatial range of 200 m. Each time, ten samples of 15 × 8 × 4 cm (L × W × H) were collected, placed individually in clean plastic boxes, and transported back to the laboratory, where they were kept at *in situ* conditions until sub-sampling the next day. Three cores of 7 mm diameter were sampled and used for characterisation of water content, organic matter content and particle size. The cores were sliced every 1 mm down to a depth of 10 mm. At each sampling date, four similar 7 mm diameter cores were taken and sub-sampled for depth profiles of prokaryotes and viruses. Additionally, in November 2012 viruses and prokaryotes were also sampled using the 7 mm diameter cores, in a horizontal grid to obtain the 3-dimensional (3D) distribution. For this 3D-distribution subsamples were taken at 20 mm intervals, both in length and width, at two depths (0--1 and 1--2 mm), sampling a total volume of 29400 mm^3^ (210 × 70 × 2 mm).

Sediment characteristics {#Sec7}
------------------------

Water content of the sediment was determined as the weight loss after drying the sediment at 105 °C for 12 h. Organic matter content was measured as the weight loss of dried samples after combustion at 540 °C for 4 h. Particle-size analyses were performed on the C~org~-free sediment fraction from the 10 slices from 3 cores. Prior to analysis, 20 mL of demineralised water was added to the samples, which were subsequently treated with 5 mL H~2~O~2~ solution (35 %) and boiled until the reaction stopped and the H~2~O~2~ had disintegrated into H~2~O and O~2.~ Particle-size analysis was carried out using the Micro-Liquid Module of a Beckmann Coulter Laser Particle Sizer LS13320 at NIOZ, which resulted in 92 particle-size distributions classes from 0.4 to 2000 μm.

Chlorophyll quantification {#Sec8}
--------------------------

Chlorophyll *a* (chl *a*) autofluorescence was recorded with a camera to map oxygenic photoautotrophic biomass distribution and to distinguish between the two major groups of photosynthetic microorganisms: cyanobacteria and diatoms (Bolhuis et al. [@CR4]). Although autofluorescence always occurs via chl *a*, different wavelengths can be used to excite the accessory pigments, thus allowing discrimination of different algal groups based on the excitation light applied. Blue light was used to excite chl *a* and fucoxanthin (\~450 nm) found in diatoms (Van den Hoek et al. [@CR42]; Jeffrey et al. [@CR24]). Blue light excitation does not allow the distinction between diatoms and green microalgae, but diatoms tend to dominate over green microalgae in this type of microbial mats (Jonkers et al. [@CR26]; Bolhuis et al. [@CR4]). Moreover, green microalgae were not observed using light microscopy. Amber light was used to excite phycocyanin (590--640 nm) which is exclusively found in cyanobacteria (Van den Hoek et al. [@CR42]).

A cooled CCD 16 bits camera (Tucsen Imaging Technology Co. LTD, China) (1360 × 1024), with a long pass filter (\>685 nm) placed in front of the camera was used to photograph the microbial mats during exposure to blue (470 nm) and amber (600 nm) excitation light (Carreira et al. [@CR8]). Autofluorescence images of blue and amber (Blue-amber ratio, BAR; log scale), were used as an indicator of cyanobacteria dominance (\<0), or diatoms dominance (\>0). Images were analysed with ImageJ 1.47 m. Autofluorescence values were extracted from the same area as the core sampling for viruses and prokaryotes.

Viral and prokaryotes abundances {#Sec9}
--------------------------------

For enumeration of prokaryotes and viruses, 100 mg subsamples were taken from every sampling depth and placed in sterile 2 mL Eppendorf tubes. The subsamples were fixed with 2 % glutaraldehyde final concentration (25 % EM-grade, Merck, diluted in sterile seawater), for 15 min at 4 °C. As storage before extraction results in decreased prokaryotes cell and virus count (Carreira et al. [@CR9]), subsamples were immediately treated and placed on a filter, after which they were stored. Extraction of prokaryotes and viruses from the sediment samples was performed according to the protocol by Carreira et al. ([@CR9]). In short, subsamples were incubated with 0.1 mM EDTA (final concentration) on ice and in the dark for 15 min, ultrasonicated (Soniprep 150; 50 Hz, 4 μm amplitude, exponential probe) for three cycles of 10 s with 10 s intervals in ice-water. One microliter of each subsample and 1 μL of Benzonase Endonuclease from *Serratia marcescens* (Sigma-Aldrich; \> 250 U μL^−1^) were added to 1 mL of sterile MilliQ water (18.2 MΩ), and incubated at 37 °C in the dark for 30 min. The digestion of free nucleic acids was stopped by placing the sample on ice, directly followed by filtration onto a 0.02 μm pore size filter (Anodisc 25, Whatman) and stained according to Noble and Fuhrman ([@CR32]) using SYBR Gold (Molecular Probes®, Invitrogen Inc., Life Technologies™, NY, USA). Each filter was rinsed three times with sterile MilliQ and mounted on a glass slide with an anti-fade solution containing 50 % glycerol, 50 % phosphate buffered solution (PBS, 0.05 M Na~2~HPO~4~, 0.85 % NaCl, pH 7.5) and 1 % *p*-phenylenediamine (Sigma-Aldrich) and stored at −20 °C. Viruses and prokaryotes were counted using a Zeiss Axiophot microscope equipped for epifluorescence (100 W mercury lamp, excitation with a BP 450--490, emission LP 515, beam splitter FT 510). Magnification of the ocular was × 12.5 and the oil lens (Plan-NEOFLUAR) was x100. At least 10 fields and 400 viruses and prokaryotes were counted per sample. Abundances were presented per gram of wet weight (as samples were too small, i.e. 100 mg, to conduct simultaneous measurements of abundance and water content). Counting error was 1.5 and 10 % for viruses and prokaryotes respectively.

Statistical analyses {#Sec10}
--------------------

Linear regression analyses (model II) were performed to obtain the best-fitting coefficients between pairs of variables (Sokal and Rohlf [@CR38]). To determine differences in viral and prokaryotes abundances between depths, ANOVA I analysis with post hoc Tukey HSD tests were performed. Prior to statistical analysis, normality was checked and the confidence level was set at 95 %. All statistical analyses were conducted using SigmaPlot 12.0.
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